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ABSTRACT 

 
Schumacher, L. A., and Z. J. Grabau. 2026. Nematode extraction efficiency is influenced by soil depth and 

inoculation level. Nematropica 56: 33-46. 

 

There is a need for evaluating nematode abundances from different soil types by optimizing extraction 

efficiency (i.e., nematode recovery) because soil texture, pH, and soil organic matter change as soil depth 

increases. Therefore, the extraction efficiency of a modified Baermann technique on soil recovered from 

different depths (0‑30 cm, 30-60 cm, 60-90 cm, and 90-120 cm) at a long-term peanut-cotton rotation study 

in Quincy, FL, USA was examined. This was accomplished by evaluating the relative efficiency of reniform 

(Rotylenchulus reniformis) and free-living nematode extraction from these different soil depths based on 

the addition of known quantities of nematodes to microwave-treated soil. Depth and nematode inoculation 

levels both significantly affected extraction efficiency of reniform and free-living nematodes, but in 

different ways. For reniform nematode, extraction efficiency ranged from 36% at the deepest depth 

(90‑120 cm) and increased to 47% at the shallowest depth (0-30 cm). Yet, for free-living nematodes, 

extraction efficiency ranged from 25% at the deepest depth and increased to 36% at the shallowest depth. 

Reniform nematode extraction efficiency was greatest (39%) with the lowest inoculation rate (i.e., 1,000 

reniform nematodes per 100 cm3 soil), while trends with free-living nematode extraction efficiency were 

inconsistent. This work highlights the need to understand that true nematode population densities may be 

underestimated due to soil type and correction factors may need to be implemented for diagnostic and 

management purposes. 

 

Key words: extraction efficiency, free-living nematodes, methods, nematodes, reniform nematode, 

soil biology, soil texture. 
  

 

RESUMEN 
 

Schumacher, L. A., and Z. J. Grabau. 2026. La eficiencia de extracción de nematodos está influenciada por 

la profundidad del suelo y el nivel de inoculación. Nematropica 56: 33-46. 

 

Hay una necesidad de evaluar las abundancias de nematodos de diferentes tipos de suelo optimizando 

la eficiencia de extracción (es decir, la recuperación de nematodos) porque la textura del suelo, el pH y la 

materia orgánica del suelo cambian a medida que aumenta la profundidad del suelo. Por lo tanto, se examinó 

la eficiencia de extracción de una técnica de Baermann modificada en suelos recuperados de diferentes 

profundidades (0-30 cm, 30-60 cm, 60-90 cm y 90-120 cm) en un estudio de rotación de cacahuete-algodón 

a largo plazo en Quincy, FL, EE. UU. Esto se logró evaluando la eficiencia relativa de extracción de 
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nematodos reniformes (Rotylenchulus reniformis) y nematodos de vida libre de estas diferentes 

profundidades de suelo, basado en la adición de cantidades conocidas de nematodos a suelo tratado en 

microondas. La profundidad y los niveles de inoculación de nematodos afectaron significativamente la 

eficiencia de extracción de nematodos reniformes y de vida libre, pero de diferentes maneras. Para los 

nematodos reniformes, la eficiencia de extracción varió del 36% en la mayor profundidad (90-120 cm) y 

aumentó al 47% en la menor profundidad (0-30 cm). Sin embargo, para los nematodos de vida libre, la 

eficiencia de extracción varió del 25% en la profundidad más profunda y aumentó al 36% en la profundidad 

más superficial. La eficiencia de extracción de nematodos reniformes fue mayor (39%) con la tasa de 

inoculación más baja (es decir, 1,000 nematodos reniformes por 100 cm3 de suelo), mientras que las 

tendencias con la eficiencia de extracción de nematodos de vida libre fueron inconsistentes. Este trabajo 

destaca la necesidad de entender que las verdaderas densidades poblacionales de nematodos pueden estar 

subestimadas debido al tipo de suelo y pueden ser necesarios factores de corrección para fines de 

diagnóstico y manejo. 

 

Palabras-clave: eficacia de extracción, métodos, nematodo reniforme, nematodos, nematodos de vida libre, 

biología del suelo, textura del suelo. 

 

  

INTRODUCTION 
 

Even though the most abundant metazoans on 

earth are nematodes, extracting them from soil is a 

notoriously difficult endeavor (Bongers & 

Bongers, 1998; Schratzberger et al., 2019). 

Nematodes use pore spaces and channels between 

soil particles to move in water films surrounding 

these particles (Coleman and Wall, 2015). As they 

move, feed, and defecate, nematodes affect 

ecological processes (Schratzberger et al., 2019). 

To measure and better understand nematodes’ 

contribution to plant and soil health, it is important 

to get an accurate representation of their soil 

population densities. Nematodes move vertically in 

soils, but the distance they move depends on 

species, soil temperature, soil type, and soil 

moisture (Coleman and Wall, 2015; Edwards, 

1991). Soil nematodes may range from 2 million to 

20 million individuals per square meter, with 

greater densities occurring in coarse soils and less 

in clay soils (Schatzberg et al., 2019). It is 

important to understand where nematodes are 

during the growing season to implement 

appropriate management regimes. Extraction 

efficiency is defined as the proportion of total 

nematodes recovered after an extraction method is 

used (Harris, 1990; Southey, 1986). This number 

varies greatly, usually depending on soil type, but 

specific studies examining the extraction efficiency 

from specific depths (i.e., those used in vertical 

distribution studies) have not been extensive. To 

study these important creatures, a thorough 

understanding of their extraction efficiency from 

soil is needed. 

The reniform nematode (Rotylenchulus 

reniformis, RN) is a plant-parasitic nematode first 

described in tropical and sub-tropical regions 

around the earth (Linford and Oliveira, 1940). 

Reniform nematode populations are more 

associated with finely textured soils than sandy 

soils (Robinson et al., 1987). High population 

densities of RN were observed in fine-textured 

soils because higher silt content is conducive to RN 

establishment (Koenning et al., 1996). Starr et al. 

(1993) reported that only 12% of samples surveyed 

in a Texas cotton field containing RN had a sand 

content greater than 40%. However, Holguin et al. 

(2015) observed that RN densities peaked when 

sand content was around 60% in a study conducted 

in South Carolina. Reniform nematode is known to 

infest deep in the soil profile most likely because 

cotton roots grow deep (Blasingame et al., 2002). 

The bulk of the cotton root system is in the upper 

100 cm, but RN has been found below that depth 

(Robinson et al., 2005). Relatively high population 

densities of RN are found at deeper soil depths 

(Schumacher et al., 2024; Wheeler et al., 2008). 

Robinson et al. (2005) found that more than 50% 

of RN population densities in 15 of 17 fields 

sampled were found at 30.5 cm or deeper in the soil 

profile. In cotton specifically, the greatest 

population densities of RN were found between 

40  and 120 cm, with fewer nematodes in the upper 

15  cm of the soil profile (Davis et al., 2003). Yet, 

extraction efficiency of RN from different soil 
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depths needs further exploration. 

Free-living nematodes (FLN) are considered 

indicators of ecosystem structure and function 

(Bongers and Bongers, 1998; Ferris et al., 2001; 

Neher, 1999; 2001). Much information about soil 

health can be ascertained by examining these 

nematodes (Ferris et al., 2001; Stork and Eggleton, 

1992). For instance, a predominance of omnivores 

and predators in a soil sample can indicate a 

healthier soil (relative to one predominated by 

bacterivores and fungivores) due to the presence of 

less disturbance, a moderate C:N ratio, and better 

soil fertility (Ferris et al., 2001). However, the 

literature on FLN vertical distribution is limited 

(Been and Schomaker, 2006). In general, nematode 

abundance decreases with increasing depth and 

distance from plants due to the vast majority of the 

nematode population located within the 

rhizosphere (Coleman and Wall, 2015). Free-living 

nematodes are reported to adapt to microclimatic 

changes in a soil layer and move to more favorable 

conditions within the soil column (Been and 

Schomaker, 2006). Freckman and Virginia (1989) 

described that nematodes in deserts are associated 

with plant roots to depths of 15 m. Therefore, 

examining FLN extraction efficiency from 

different soil depths is important for further 

understanding of soil ecology. 

Efficiency of nematode extraction from soil 

often varies by soil type (Cesarz et al., 2019; 

Coleman and Wall, 2015; Jenkins, 1964; McSorley 

and Parrado, 1987; Robinson et al., 2005). Because 

deeper soils often have high clay content, it is 

necessary to understand accurate representations of 

the nematode community following the sucrose-

centrifugation extraction technique (Jenkins, 

1964). Action thresholds (i.e., the nematode 

population density at which management measures 

must be implemented to prevent economic losses) 

vary depending on the type of plant-parasitic 

nematode detected (Koenning, 2002). 

Underestimation of true soil nematode abundances 

is evidenced by less than 50% extraction efficiency 

in a study conducted on soil samples from around 

the globe (Van den Hoogen et al., 2019). Cesarz et 

al. (2019) stated the need for standardization of 

nematode extraction protocols to account for 

differences when comparing nematode data from 

multiple sites. This need extends to different soil 

depths, as determining if extraction efficiency 

varies may affect management decisions, such as 

the need to use pesticides, nematode-resistant 

varieties, or crop rotation. 

Extraction efficiency using a variety of 

methods is well documented, but each method has 

its pros and cons. Centrifugal extraction processes 

are known to lose nematodes (McSorley and 

Parrado, 1987). Furthermore, extraction efficiency 

during centrifugal extraction varies based on the 

type of nematode, where Helicotylenchus dihystera 

had higher losses during the process than other 

nematodes (McSorley and Parrado, 1987). 

Increasing the amount of soil decreased extraction 

efficiency using a Baermann method (Cesarz et al., 

2019). Because nematodes vary in size and 

abundance, using one method may not be ideal. 

Rather, a thorough understanding of research 

objectives may be the most important factor in 

determining which method to use. For this study, 

the sucrose-centrifugation method (Jenkins, 1964) 

was chosen based on its prior use in another 

component of this research (Schumacher et al., 

2024). Additionally, it has been shown to be 

effective on all soil types (especially clay) and is 

known for its efficacy in extracting a wide 

spectrum of nematodes (Harrison and Green, 

1976). Furthermore, it is also important to 

understand FLN extraction efficiency for 

calculation of nematode feeding rates and how 

FLN contribute to nutrient and energy fluxes in soil 

(Verschoor and De Goede, 2000). 

Objectives for this research were to determine 

the relative efficiency of nematode extraction from 

different soil depths (0-30 cm, 30-60 cm, 60-90 cm, 

and 90-120 cm) recovered from a long-term 

rotation peanut-cotton field site using known 

quantities of RN and FLN inoculum. An additional 

objective was to assess if different soil 

characteristics impact nematode extraction 

efficiency. We hypothesize that: 1) extraction 

efficiency is lower in soil collected from deeper 

depths (i.e., 30-120 cm) with greater clay content; 

2) lower inoculation levels will have lower 

extraction efficiencies in all soil depths; and 

3) higher inoculation levels will have higher 

extraction efficiencies in all soil depths. This 

experiment also explores if there is the potential to 

miscalculate nematode ecological indices based on 

sampling depth and/or nematode inoculation level. 
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MATERIALS AND METHODS 
 

Soil preparation 

 

Soil samples were collected at the University 

of Florida’s North Florida Research and Education 

Center in Quincy, Florida (84° 33’ W, 30° 36’ N) 

after harvest in 2018 from a Dothan sandy loam 

(fine-loamy, kaolinitic, thermic Plinthic 

Kandiudults) soil (Maltais-Landry et al., 2023). 

Using a hydraulic probe (Geoprobe Systems, 

Saline, KS, USA), soil was collected to 120 cm 

from irrigated and non-irrigated cotton (‘Deltapine 

1646’) plots (first-year and second-year cotton in 

conventional rotation, and cotton in sod-based 

rotation) that did not receive nematicide 

(Schumacher et al., 2024). Soil cores were 

separated in 30-cm increments at four depths 

(0‑30 cm, 30-60 cm, 60-90 cm, and 90-120 cm) and 

added to four 19-L pails. Soil was sieved using a 

0.64 cm aperture soil screen to break up the cores 

and create a uniform particle size prior to 

extraction. A 100 g fraction of soil from each depth 

was weighed, dried, and sent to the Waters 

Agricultural Laboratories, Inc. (Camilla, GA, 

USA) for nutrient testing and a separate 100 g 

subsample for soil texture and organic matter 

analysis was performed at the University of 

Florida’s Department of Soil, Water, and 

Ecosystem Sciences. The soil was stored in the 

walk-in refrigerator for 10 months prior to 

extraction. A preliminary test revealed active 

nematodes remained in the soil for each depth, so 

sterilization was necessary to kill any nematodes 

prior to inoculation. The amount of soil equal to 

100 cm3 for each depth was determined by 

determining the amount of soil required to displace 

100 ml of water in a graduated cylinder. This 

portion of soil from each depth (210 g for 0-30 cm 

and 205 g for 30-120 cm) was added to a 

microwave-safe plastic 1000 ml beaker and 50 ml 

of deionized water was added, stirred, and the 

resulting mixture microwaved for 3 min at full 

power (2450 MHz, 6.3W) to kill any nematodes 

present (Barker et al., 1972). A follow-up 

examination of a subsample of the microwaved soil 

using sucrose‑centrifugation and observing the 

resulting suspension under an inverted microscope 

determined that the microwaving method was 

sufficient in destroying any pre-existing nematodes 

beyond recognition so as not to interfere with the 

inoculum and extraction step. Soil particle size 

distribution was determined via the hydrometer 

particle-size analysis method (Arshad et al., 1996) 

and recorded to aid in soil texture analysis. 

 

Treatments 

 

The experiment utilized a completely 

randomized design with two factors: soil depth and 

RN inoculation level (Table 1). There were four 

depths (0-30 cm, 30-60 cm, 60-90 cm, and 90-120 

cm) and three RN inoculation levels (1,000, 5,000, 

and 15,000 RN per 100 cm3 soil). Inoculum was 

calibrated based on RN level, but FLN levels were 

also noted based on the total numbers present in 

each test aliquot. A total of 15 FLN inoculation 

levels were recorded (136, 600, 667, 777, 800, 833, 

1,920, 3,333, 3,889, 4,168, 9,000, 10,000, 11,666, 

and 12,500 FLN per 100 cm3 soil). Additionally, 

168 samples (42 samples per depth) were sent to 

Waters Agricultural Laboratories, Inc. (Camilla, 

GA, USA) for soil analysis. 

 

Inoculum preparation 

 

Reniform nematodes were extracted from 

field soil via a modified sucrose-flotation method 

(Jenkins, 1964), and all life stages (eggs, juveniles, 

females, and males) were enumerated and brought 

to the required inoculation densities in three 

separate suspensions (Table 1). Furthermore, total 

free-living nematode abundance was counted and 

recorded to document inoculation and recovery 

levels of these nematodes. 

 

Design 

 

Inoculum beakers were placed on a stir plate 

and suspensions stirred via stir bar to ensure that 

nematodes were evenly distributed. Next, 2 ml of 

designated nematode inoculum was added to each 

plastic beaker and thoroughly mixed via a small 

metal spatula to distribute the nematodes 

throughout the soil. Nematodes remained in the 

plastic beakers at room temperature for 4 hr prior 

to extraction via sucrose-flotation. The extraction 

conditions were optimized to minimize sources of 

potential error after McSorley and Parrado (1987), 

including same sucrose solution source, time in 

water vs. time in sucrose, thorough rinsing of 

equipment between samples, and the same operator 

processing. 
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Nematode identification and statistical analysis 

 

After extraction, samples were counted using 

an inverted microscope and total RN and FLN 

recorded per 100 cm3 soil. The experiment 

consisted of 12 treatments with five replicates, and 

the trial was repeated (Table 1). Data from each 

trial was combined for statistical analysis. The 

effects of soil depth and nematode inoculation level 

on nematode extraction efficiency (calculated as 

number of nematodes recovered after 

sucrose‑centrifugation divided by inoculation 

amount) and soil properties were tested for 

statistical significance (P < 0.05) using a two-way 

factorial ANOVA (depth by RN inoculation or 

depth by FLN inoculation) in R version 4.4.1 (The 

R Foundation for Statistical Computing, Vienna, 

Austria). Model residuals were checked and 

fulfilled assumptions of tests performed. Means 

were separated using Tukey’s HSD (P ≤ 0.05). 

Linear regression models for RN recovery vs. RN 

inoculation rate and FLN recovery vs. FLN 

inoculation rate were calculated in R using the lm 

function. 

 

RESULTS 
 

Soil properties from depths 

 

Soil particles were separated by size and clay 

was <2 µm in size, silt was 2-50 µm in size, and 

sand was 50-2000 µm in size. The average soil 

texture from each depth was recorded (Table 2). 

Depth significantly affected the percentage of sand 

(P < 0.01, Table 2). The amount of sand was 

greatest (87%) in the 0-30 cm depth, decreased to 

85% at the 30-60 cm and 60-90 cm depths, and was 

least (84%) at the 90‑120 cm depth. Silt had an 

inverse trend: 11% from 0-30 cm; 13% from 

30‑60 cm; 14% from 60-90 cm; and 15% from 

90‑120 cm (P < 0.01, Table 2). Clay was the same 

(2%) across all depths (P > 0.05, Table 2). 

 

Reniform nematodes 

 

A linear relationship existed between the 

number of RN recovered and the RN inoculation 

rate (Fig. 1). Linear model (P < 0.01, R2 = 0.721): 

Reniform nematode recovery = 33.6703 + 0.3835 

× RN_Inoculation Level. 

Depth and RN inoculation level significantly 

affected RN extraction efficiency (P < 0.01 and 

0.07, respectively). Efficiency ranged from 36% at 

the deepest depth and increased to 47% at the 

shallowest depth (Fig. 1). Efficiency ranged from 

38% with the addition of 5,000 RN and was 

significantly greater at 47% with 1,000 RN. The 

RN inoculation rate of 15,000 had an efficiency of 

39% and was not statistically different than the 

1,000 or 5,000 inoculation rates (P > 0.05). 

 

Free-living nematodes 

 

A linear relationship existed between the 

number of FLN recovered and the FLN inoculation 

rate (Fig. 2). Linear model (P < 0.01, R2 = 0.912):  

   Table 1. Treatments and treatment numbers for extraction efficiency study. 

Treatment  Depth  

Reniform nematode inoculation 

(per 100 cm3 soil)1 

A  0-30 cm  1,000 

B  0-30 cm  5,000 

C  0-30 cm  15,000 

D  30-60 cm  1,000 

E  30-60 cm  5,000 

F  30-60 cm  15,000 

G  60-90 cm  1,000 

H  60-90 cm  5,000 

I  60-90 cm  15,000 

J  90-120 cm  1,000 

K  90-120 cm  5,000 

L  90-120 cm  15,000 
1Nematodes were added via a 2 ml suspension in water using a pipette. 
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Free-living nematode recovery = 58.6523 + 0.333 

× FLN_Inoculation Level. 

Depth and FLN inoculation level significantly 

affected FLN extraction efficiency (P < 0.01). 

Free-living nematode extraction efficiency was 

greatest (35.6%) from 0 to 30 cm and decreased as 

depth increased (Fig. 5). The extraction efficiency 

was 29.8% (AB) from 30-60 cm, 26.7% (B) from 

60-90 cm, and 24.8% (B) from 90-120 cm (Fig. 5). 

Generally, higher extraction efficiencies were 

achieved with higher inoculation rates (i.e., greater 

than 3,889 FLN per 100 cm3 soil), but this was 

inconsistent (P < 0.01, Fig. 6). The lowest FLN 

extraction efficiencies were achieved with 

inoculation rates of 136 FLN (18%), 800 FLN 

(10%), 1,920 FLN (11%), and 3,333 FLN (18%) 

per 100 cm3 soil (Fig. 6). 

 

DISCUSSION 
 

This research addressed how efficient a 

modified sucrose-centrifugation method was in 

recovering RN and FLN from field soil to 120 cm 

deep in the soil profile. This work highlights the 

importance of understanding relative efficiencies 

from vertical distribution studies, as we may be 

underestimating true nematode population 

densities in deeper soil layers, specifically plant 

parasitic nematodes that recolonize and recover 

from deeper depths following crop protection 

control measure (Knox et al., 2020). Estimates of 

nematode numbers may be conservative if 

extraction efficiency is not determined (Procter, 

1977). Typical extraction efficiencies for 

commonly used methods (i.e., Baermann funnel, 

sugar floatation and sieving) have only 30-80% 

efficiency (Chen et al., 2011). Viglierchio and 

Schmitt (1983) reported less than 50% extraction 

efficiency for these methods. Population densities 

inform management decisions, such as the decision 

to use nematicides or resistant varieties in RN 

management in cotton. Therefore, knowing how 

soil depth affects these numbers is important for 

both research and crop production. 

Killing or removing nematodes from soil is a 

difficult process. This is often accomplished 

through heat sterilization or chemical application. 

However, chemicals could not be used in the 

present study as it would have had residual effects 

on the second part of the test. Because nematode 

populations are affected by soil structure (Stork and 

Eggleton, 1992), autoclaving could not be used for 

sterilization due to the process changing soil 

structure, which would contradict our objectives 

for this study. A previous study showed that a 24‑hr 

heat-freeze-heat cycle with pre-wetted soil resulted 

in 99% nematode mortality (Franco et al., 2017). 

Although this heating-freezing-heating method is 

arguably superior to microwaving in terms of 

nematode mortality, we decided upon a 

microwaving method using pre-wetted soil 

modified from Barker (1972) to sterilize the soil 

based on its ease of replication. 

Higher silt and clay contents at deeper depths 

may explain lower FLN and RN nematode 

extraction efficiencies. Higher clay contents act as 

a barrier for nematode migration (Ruess, 1995). 

Lower RN inoculation rates yielding higher 

extraction efficiencies was surprising, since we 

hypothesized the opposite. Conversely, three of the 

four highest efficiencies were from low RN 

inoculation (i.e., 1,000 RN per 100 cm3 soil). 

Others have reported similar efficiencies, such as 

40% (Procter, 1977) and 52% (Griffiths et al., 

1991). McSorley and Parrado (1987) observed 

slightly  higher   efficiencies   for  RN  than  in  the 

Table 2. Characteristics of soils used to test extraction efficiency in % size 

range of mineral particles (µm). 

    Three USDA particle size classes (%) 

volume) Depth  pH  Clay Silt Sand  

    (<2 µm) (2-50 µm) (50-2000 µm) 

0-30 cm  6.00  1.7 11.3 D 87.0 A 

30-60 cm  6.04  1.7 12.9 C 85.3 B 

60-90 cm  6.18  1.8 13.8 B 84.5 B 

90-120 cm  5.87  1.8 14.7 A 83.5 C 

Means followed by different letters in a column indicate significant 

differences using Tukey’s HSD (P < 0.01). 
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Figure 1. Reniform nematode (RN) recovery as a function of reniform 

nematode inoculation rate (RN_Inoculation) per 100 cm3 soil. Linear model 

(P < 0.01, R2 = 0.721): Reniform nematode recovery = 33.6703 + 0.3835 × 

RN_Inoculation Level. 

 

  

Figure 2. Reniform nematode extraction efficiency (expressed as a value 

between 0 and 1) by soil depth (0-120 cm) per 100 cm3 soil. 
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Figure 3. Reniform nematode extraction efficiency (expressed as a value 

between 0 and 1) by reniform nematode inoculation rate per 100 cm3 soil. 

Figure 4. Free-living nematode (FLN) recovery as a function of free‑living 

nematode inoculation rate (FLN_Inoculation) per 100 cm3 soil. Linear 

model (P < 0.01, R2 = 0.912): Free-living nematode recovery =-58.6523 + 

0.333 × FLN_Inoculation Level. 
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Figure 5. Free-living nematode extraction efficiency (expressed as a value 

between 0 and 1) by soil depth (0-120 cm) per 100 cm3 soil. 

Figure 5. Free-living nematode extraction efficiency (expressed as a value 

between 0 and 1) by soil depth (0-120 cm) per 100 cm3 soil. 

  

Figure 6. Free-living nematode extraction efficiency (expressed as a value 

between 0 and 1) by free-living nematode inoculation rate per 100 cm3 soil. 



 

 

present study, averaging 58.6%. Since these results 

differed for FLN, it is safe to assume that individual 

nematode genera have differential extraction 

efficiency. This observation was also documented 

by others. For instance, Harrison and Green (1976) 

reported that either the habitat of Paratylenchus in 

sand was different from that in loam or that there 

was instability of sand in water which caused more 

nematodes to be released into the suspension. Chen 

et al. (2011) reported between 14.9 and 43.4% 

extraction efficiency of Aphelenchoides besseyi 

using a modified Baermann method. Sieving all 

soil samples prior to nematode extraction was an 

attempt to standardize soil aggregate size. 

The results of the present study can be used in 

extension work to understand potential infestation 

levels of different soils (or rather, if they are 

underestimated due to imperfect extraction 

efficiency). Regulatory aspects of quarantine 

species (e.g., Aphelenchoides besseyi) determine 

how large a sample size is sufficient to compensate 

for imperfect extraction efficiency (Chen et al., 

2011). Yet, for soilborne nematodes, if only one 

soil core is analyzed, there is not 100% certainty of 

obtaining a nematode of interest (McSorley and 

Littell, 1993). Therefore, knowing the extraction 

efficiency of a common method such as 

sucrose‑centrifugation on various nematodes in 

different soils is important. If we know the relative 

efficiency of the method we are using–be it 

sucrose-centrifugation, sieving and decanting, or 

modified Baermann–we can better serve growers 

and research with management recommendations. 

Soybean cyst nematode female indices were 

calculated differently based on varying soil 

infestations, underlying the importance of 

extraction efficiency in implementing nematode 

management (Wang et al., 1998). They also 

highlighted the need for locations to determine 

optimum nematode infestation densities based on 

their soil conditions. An additional question this 

research addresses is whether extraction efficiency 

can impact the computation of nematode ecological 

indices (Neher et al., 1995). For instance, we may 

be able to more accurately evaluate ecological 

indices in coarser textured soils as opposed to finer 

textured soils. This may skew our results, leading 

to improper index calculation and misinterpretation 

of nematodes as soil health indicators (Bongers, 

1990; Ferris et al., 2001). Verschoor and De Goede 

(2000) found that nematode activity level affected 

extraction efficiency based on a strong negative 

linear relationship between nematode recovery and 

colonizer-persister (cp) classification (Bongers and 

Bongers, 1998). Lower cp nematodes had a higher 

extraction efficiency than higher cp nematodes, 

leading to an increased maturity index calculation 

as the experiment progressed (Verschoor and 

De Goede, 2000). We also observed a linear 

relationship between FLN inoculation rate and 

extraction efficiency, although we did not separate 

the nematodes into cp classifications. Furthermore, 

we used a passive extraction method, whereas 

Verschoor and De Goede (2000) used an active 

method (i.e., cottonwool filter). Regardless, there is 

support that extraction efficiency affects FLN 

recovery and, ultimately, nematode ecological 

index calculation. 

It was not surprising that higher extraction 

efficiencies for FLN were achieved from the 

0‑30 cm soil depth and decreased stepwise and 

depth increased. Ruess (1995) reported that the 

efficiency of extraction of different nematode 

species was influenced by extraction time, so it is 

possible we may have had better extraction 

efficiency with FLN if we allowed them to sit 

longer in the water portion of the initial 

sieving/decanting stage of the extraction process. 

Unlike the consistent trends observed in RN 

extraction efficiency based on inoculation level, 

FLN had few trends, indicating that FLN extraction 

efficiency is inconsistently affected by FLN 

inoculation level. An explanation for this could be 

due to the tremendous diversity in body size, 

presence or absence of adhesive glands at the tail, 

and overall life strategy difference of free-living 

nematodes (Ruess, 1995). Lower RN inoculation 

rates had higher extraction efficiencies. 

Conversely, there was an inconsistent trend of 

higher extraction efficiency for FLN. Overall, the 

average extraction efficiency for FLN with 

inoculation rates over 4,000 nematodes was 34% 

while under 4,000 nematodes was only 28%. 

We agree with results from Harrison and 

Green (1976) and Ruess (1995) that centrifugal 

floatation remains a versatile technique for all soil 

types and that a wide spectrum of nematodes can 

be recovered. The difference between previous 

studies and the present study is that we added a 

pre‑determined number of nematodes to a specific 

soil and then extracted them using the popular 

centrifugal floatation technique modified from 

Jenkins (1964). McSorley and Frederick (1991) 

examined nematode losses in extraction 
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residues.by adding known numbers of nematodes 

to samples and then re-extracting them via a 

sieving/centrifugation or Baermann method, but 

this was only for Belonolaimus longicaudatus and 

only performed in soils with 91-92% sand. Others 

have tried to calculate equations that predict 

nematode distributions, but these were based off a 

modified Baermann method (Chen et al., 2011). 

Still, the adjusted infestation rate of an assay can be 

expressed as a product of extraction efficiency and 

the true infestation rate (Chen et al., 2011). The 

linear models we developed as part of this work 

may also be useful in predicting extraction 

efficiency of both RN and FLN. 

Extraction efficiency from vertical 

distribution studies has not been well studied, but 

there have been studies on extraction efficiency 

from various soil types. Whitehead and Hemming 

(1965) described an experiment looking at 

nematode extraction efficiency from different soil 

types. However, these were not from depths, but 

rather different sites. They added a known number 

of active nematodes to autoclaved soils and 

recovered 70% of mobile nematodes using a 

sedimentation method (Whitehead and Hemming, 

1965). We argue that autoclaving the soil changes 

its structure, so we sought to microwave our field 

soil and implemented a sucrose-centrifugation 

method to recover all nematodes present (i.e., 

active and inactive) in our initial inoculum. This 

allowed us to better estimate and understand 

absolute numbers of nematodes encountered in 

field soil to 120 cm deep in the soil profile. 

The efficiency of an extraction procedure 

influences quantitative studies (Ruess, 1995; 

Schumacher and Grabau, 2022). If we do not have 

a clear idea of the true number of nematodes in soil, 

management decisions may be overlooked. These 

decisions occur after data is collected in an 

experiment and subjected to a certain extraction 

method. To assess this, nematode losses in 

extraction residues can be added. Less than half 

(38%) of the inoculum was accounted for after a 

sucrose-centrifugation extraction procedure, 

indicating that nematodes were sufficiently bound 

to soil as to be unavailable to the extraction process 

(Viglierchio and Schmitt, 1983). Although 

nematode losses occur during each step of the 

sieving and centrifugation portions of extraction, it 

is important to understand how these losses affect 

the final determination of nematode population 

densities in soil samples (McSorley and Parrado, 

1987). We sought to use soil from the same crop 

(i.e., cotton) under different management to ensure 

a thorough representation of field soil from the 

long-term site (Katsvairo et al., 2006; Wright et al., 

2010; Zhao et al., 2010). It is plausible that the 

coarser texture of the soil could have led to less 

extraction efficiency in this study. Implications for 

this work are the potential of incorrectly 

calculating nematode ecological indices based on 

lesser extraction efficiency from soil from deeper 

depths. 
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